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Abstract
Functionalized Electrospun Chitosan for Water Filtration
Amanda Catherine Toth
Heavy metal ions in water sources pose a range of potential health risks. The
ingestion of heavy metal ions can induce a wide variety of symptoms, from those
similar to food poisoning at low concentrations, to death at higher concentrations.
Therefore novel filtration systems for heavy metal ion removal are needed. For
these reasons, electrospinning has been applied to a chitosan polymeric system
to produce non-woven fibrous mats. Chitosan, the N -deacetylated derivative of
chitin, is environmentally friendly, non-toxic, biodegradable, and anti-bacterial.
Modified chitosan chemistries have been under investigation as a means of cre-
ating designed nanofibrous mats for multiple applications. However, an entirely
new set of electrospinning parameters must be developed for each novel chemistry
due to differences in solubility and viscosity. Therefore, a novel two-phase post-
processing technique has been developed to chemically functionalize the mats with
carboxymethyl-, cyano-, and pyridine-groups without having to alter the electro-
spinning parameters. The observed fiber diameters were 131 ± 74 nm, 85 ± 29 nm,
and 81 ± 45 for the carboxymethyl-, cyano-, and pyridine-modified chitosan, re-
spectively. The addition of these groups should increase its affinity for heavy metal
ions, allowing the post-processed nanofibrous mats to act as a filtration membrane
to easily remove heavy metal ions from water. To evaluate this hypothesis, grav-
ity filtration experiments were conducted on as spun and functionalized mats in
order to evaluate the ability to remove Cu2+ ions from water solutions. Filtration
results showed that only the cyano-functionalized chitosan removed enough Cu2+
ions to be below the United State Environmental Protection Agency’s maximum
contaminant level goal of 1.3 ppm.

11. Introduction
1.1. Water contamination
Water plays an indispensable role in everyday life. However, many human-
made and natural sources contribute to water contamination. [1] Each day, nearly
two-million tons of waste is disposed of into water sources around the world. [2]
The dumping of industrial waste, corrosion of plumbing piping, and depletion of
natural metal ores all lead to increased heavy metal ion concentrations in water
resources, especially in ground water. Ground water is a major source of drinking
water for people throughout the world, with approximately 80% of communities
in the United States retrieving their drinking water from ground water sources. [3]
However unintentional contamination of ground water happens daily, as shown in
Figure 1.
Figure 1: Various sources of ground water contamination [3]
1.1.1. Copper
Copper is a transition metal that has a multitude of commercial uses ranging
from piping to fertilizer additives. It is stable as both the monovalent and divalent
cations with a range of water solubilities, depending on its form, with copper(II)
nitrate trihydrate being the most soluble. [4] Therefore, it is apparent that the
2divalent cation is more soluble than the monovalent cation. Copper is found in
water sources around the world in varying concentrations, depending on water pH,
hardness, and availability of copper in the region. In the United States, copper
concentrations in surface waters ranged from 5x10-1 to 1 milligrams per liter.
However, copper levels greater than 30 milligrams per liter have been measured
in the United States, Canada, and Europe, with 1% of samples from houses in
the United States having a concentration greater than 10 parts per million (ppm)
or 1x10-5 g/mL. [4] In the United States, the Environmental Protection Agency
(EPA) has a maximum contaminant level goal (MCLG) of 1.3ppm for copper. [5]
Heavy metal contamination of water supplies has been continuously investi-
gated worldwide due to the negative health implications that the exposure can
cause. [6] Excessive copper ingestion has been found as a contributing factor to
cirrhosis of the liver in children. [7] Low doses of copper can cause symptoms of
food poisoning in humans, including symptoms such as vomiting, nausea, abdom-
inal pain, chills, and fever. Higher doses can lead to convulsions, decreased liver
function, anemia, and malfunctioning kidneys, gastrointestinal bleeding, and/or
acute renal failure. [8–10] The lethal dose of Cu(II) ions for humans can be any-
where from 4-400 mg per kg of body weight. [4] For these reasons, it is important
to monitor and control the concentration of copper in water resources around the
world.
1.2. Current filtration methods
The idea of water filtration has been investigated for many years. [11,12] How-
ever, increased use of water sources for various industrial applications has led
to deteriorating water quality through the introduction of various chemicals. [13]
Therefore, membrane separation technology has been increasingly applied as a
means of water filtration. Microfiltration (MF), ultrafiltration (UF), nanofiltra-
tion (NF), and reverse osmosis (RO) are all common methods of membrane filtra-
tion. [13] Of these filtration methods, only RO can remove heavy metal ions.
31.3. Novel approach to water filtration
Electrospinning is a simple and cost-effective technique used to produce poly-
meric fibers with tunable fiber diameters. [14] One advantage of electrospinning is
that nano-scale fibers are easily producible. Electrospun nanofibers are of interest
due to the intrinsically high specific surface area-to-volume ratio and small pore
size, ultimately leading to increased surface reactivity. [15] For these reasons, it is
proposed that an electrospun nanofibrous mat will function as an ideal filtration
media. The non-woven nature of electrospun mats will leave porosity for contam-
inated water to penetrate, however, the increased reactivity of nanofibers will be
more efficient at trapping and removing contaminants, such as copper ions.
Chitosan is of interest for filtration applications because the amine and hy-
droxyl functionalities can be substituted with other functional groups, potentially
leading to increased reactivity. However, changes in polymer chemistry can have
a major effect on electrospinning results. Changes in solution viscosity or surface
tension may require an entirely new set of electrospinning parameters. For this
reason, various simple yet novel post-processing techniques were investigated to
attach different functional groups to chitosan. The goal is to create a platform
for various functionalized chitosan nanofibrous mats and apply this platform to
remove heavy metal ions from solution.
42. Background
2.1. Polymers
Polymers are large carbon-based molecules composed of many repeat units
called monomers. These macromolecules have very large molecular weights in
comparison to other materials and can have a variety of architectures, including
linear chains, branched chains, or crosslinked networks. Nearly all polymers are
held together through covalent bonding, however, hydrogen bonding and van der
Waals forces may also be present within or between a polymer. Multiple functional
groups are typically attached to the backbone and are what increase a polymer’s
reactivity.
Polymers are unique in the sense that they typically maintain a semi-crystalline
structure. The degree of crystallinity is a measure of the fraction of ordered areas
of a polymer and can be determined using a variety of analytical techniques, such
as density, infrared spectroscopy (FTIR), differential scanning calorimetry (DSC),
nuclear magnetic resonance (NMR), or x-ray diffraction (XRD). [16]
Polymers can be crosslinked to prevent flow, mechanical degradation, and mor-
phological changes upon heating. Crosslinking also alters polymer solubility, ulti-
mately allowing a polymer to retain its structure in a variety of solvents. When
a polymer is chemically crosslinked, a covalent bond is formed between adjacent
polymer chains rendering it stable to chemical and thermal processing. [17]
2.1.1. Synthetic polymers
Synthetic polymers are those that are chemically synthesized through con-
densation or addition reactions and typically derived from petrochemical sources.
Synthetic polymers became highly researched in the early 1900s, when Bakelite
was first synthesized via phenol and formaldehyde monomers. [18] From there,
many popular synthetic polymers were discovered, such as polystyrene, polyvinyl
chloride, nylon, and polytetrafluoroethylene.
52.1.2. Natural polymers
Natural polymers are those that are derived from or synthesized by living or-
ganisms, such as rubber or cellulose. There are three main types of natural poly-
mers: polynucleotides, polypeptides, and polysaccharides. Polynucleotides are
composed of five or more nucleotides monomers, polypeptides are shorter chained
polymers composed of amino acids, and polysaccharides are generally linear but
branched carbohydrate molecules. [19] During the early- to mid-1900s, synthetic
polymers dominated the laboratory and commercial scale research and process-
ing. [18] However, interest in natural polymers is steadily increasing, as shown
in Figure 2, where ”natural polymers” was searched as the keywords. Most nat-
ural polymers are biodegradable, making them easier to recycle than synthetic
polymers, ultimately leading to increased interest for new applications.
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Figure 2: Number of publications with ”natural polymers” as keyword via
SciFinder search [20]
62.2. Nanofibers
Nanotechnology deals with forming materials on the nanoscale ultimately lead-
ing to improved physical, chemical, and biological properties. [21] Nanofibers are
of interest due to the increased specific surface area-to-volume ratio and poros-
ity. [15,22] For these reasons, nanofibers have been investigated for use in filtration,
composite, drug delivery, and tissue engineering applications. [23–25]
2.2.1. Methods to produce nanofibers
There are few methods that can successfully produce nanofibers. Thermally
induced phase separation involves rapidly cooling a polymer solution into polymer-
rich and polymer-poor phases. A polymer with a high degree of crystallinity must
be used in order for the polymer-rich phase to crystallize into nanofibers. [26]
Forcespinning utilizes a spinneret in combinations with centrifugal force, ther-
mal processing, and a collection system to produce nanofibers with high efficien-
cies. [27] Meltspinning can also be used to produce polymeric nanofibers, where a
polymer fiber is continuously drawn from the melt state onto a take-up wheel where
the polymer melt dries. [28] At times, laser irradation is used to dry the fibers at
a faster rate to prevent instabilities in the polymer due to viscosity changes while
drawing. [29] However, the most widely researched method of producing nanofibers
is electrospinning.
2.3. Electrospinning
Electrospinning is a simple, inexpensive technique that is used to produce poly-
meric non-woven fibers on the micro- and nanometer scale. To create electrospun
fibers, an electric field is applied to a polymer solution in order to create a charge
within the polymer. As the charge repulsion of the polymer solution overcomes
the surface tension, a polymer jet, or Taylor cone, is formed. While the polymer
is being pulled from the initial jet, the solvent evaporates, leaving a solid fiber
deposited on the collection plate. [14] A typical electrospinning setup is shown in
7Figure 3, where the polymer is pushed out of a syringe using a pump, with the
applied voltage connected to the needle tip. The typical distance between the
needle tip and collection plate is approximately 10-20 centimeters.
HVPS 
POLYMER 
SOLUTION 
CONDUCTIVE 
PLATE 
Figure 3: Electrospinning setup that includes a polymer solution, conductive plate,
and high voltage power supply (HVPS)
Electrospun polysaccharides have been extensively researched for these appli-
cations due to their natural abundance and inexpensiveness. [30]
2.3.1. Processing parameters
Processing parameters during the fabrication of electrospun fibers play a major
role when it comes to end fiber diameter and morphology. Three distinct groups
of processing parameters, as shown in Table 1, have been demonstrated to have
an effect on the end fiber diameter and morphology. [31]
Table 1: Processing parameters that affect fiber morphology in electrospinning
Solution Properties Processing Conditions Ambient Conditions
Viscosity Applied voltage Temperature
Polymer concentration Collection distance Humidty
Molecular weight Volume feed rate Atmospheric pressure
Electrical conductivity Needle diameter
Elasticity
Surface tension
8Ultimately, electrospun fiber diameter and morphology should be optimized
for the application of interest. Therefore, several studies have been performed to
determine how these processing parameters affect fiber morphology. [31–33]
2.4. Chitin
Chitin, poly(β-(1→4)-N -acetyl-D-glucosamine) shown in Figure 4, is the sec-
ond most abundant polysaccharide next to cellulose. [15] In nature, chitin forms
highly ordered crystalline microfibrils and provides structural support in the ex-
oskeletons or cell walls of numerous organisms, such as crustaceans, squid pens,
or fungi. The source of chitin determines which allomorph it will be, α-, β-, or γ-
and characterization techniques such a nuclear magnetic resonance spectroscopy
(NMR) and x-ray diffraction (XRD) can be utilized to differentiate the two allo-
morphs. α-Chitin is typically derived from crab, lobster, shrimp, krill, and insect
shells as well as fungi and yeast cell walls and is the most abundant form of chitin.
This polymorph is the most crystalline and compacted form of chitin, with the
chains arranged in an anti-parallel fashion. [34] β-Chitin is derived from squid pens
and some worm species; however, this allomorph is uncommon in comparison to
α-Chitin. [35] In β-chitin, the chains are arranged in a parallel fashion. γ-Chitin,
which can be considered an amalgam of the α- and β- polymorphs, has two parallel
chains in one direction with a third parallel chain in the opposite direction. [34]
O
OH
HO
NH
O
n
O
CH3
Figure 4: Chemical structure of chitin
Chitin is of interest due to its natural abundance and high nitrogen content
in comparison to other natural polymers, ultimately increasing its ability to act
9as a chelating agent. However, chitin is a neutrally charged linear polysaccha-
ride, highly hydrophobic, and has very low solubility is many common solvents.
For this reason, chitin can be partially deacetylated to form the derivative chi-
tosan. [36] This process is done by exposing chitin to a concentrated alkali at high
temperatures.
2.5. Chitosan
Chitosan, a naturally occurring polymer, is the N -deacetylated derivative of
chitin. Chitin is processed into chitosan once the degree of acetylation is less than
or equal to 0.35, as shown in Figure 5. Both chitin and chitosan are highly basic
polysaccharides. [37]
O
OH
HO
NH2
O
n
Figure 5: Chemical structure of chitosan
Chitosan is of commercial interest due to its biorenewability, biocompatibility,
and biodegradability. It is the only pseudonatural cationic polymer, which allows
electrostatic interactions between anionic materials such as glycosaminoglycans
(GAGs) and proteoglycans. [35, 38] It has also been shown that the pKa of chi-
tosan is directly related to the degree of acetylation (DA) at or near complete
dissociation. [39] For these reasons, chitosan has been extensively researched for
a variety of applications, including tissue scaffolds, drug delivery, sensing, heavy
metal chelation, textiles, and as air and liquid filtration membranes. [23,37,40–45]
2.5.1. Metal chelation
The amino and hydroxyl functional groups present on the chitosan backbone
serve as coordination and electrostatic interaction sites, ultimately giving chitosan
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its metal binding abilities. Recent studies have been performed determining the
chelation potential of chitosan on various metal ions, proving that chitosan has
the ability to bind zinc, gold, lead, copper, cadmium, calcium, and mercury, to
name a few. [46–48] The protonation of chitosan in acidic conditions allows the
amine group to bind through ion exchange while in neutral conditions, chitosan
can bind metals through chelation mechanisms.
O
O
NH
O
2+Cu
O
O
OH
NH2
O
O
O
OH
OH
O
HN
Cu2+
H2O
OH2 H2O
(a) (b)
Figure 6: Chitosan-copper complex in the (a) bridge form and (b) pendant form
[49]
Chitosan forms a unique complex with Cu(II) ions, as shown in Figure 6,
where the fourth site of the Cu(II) coordination sphere can be occupied by either
a water molecule or the -OH group of chitosan. [49] The coordination bond between
chitosan and Cu(II) can result in a weakened chitosan chain, ultimately leading
to degradation resulting in lower molecular weight chitosan chains. [50]
2.5.2. Antimicrobial activity
Chitosan has been known to exhibit antimicrobial activity, however, the action
is influenced by parameters such as the source, degree of polymerization, molecular
weight, type of bacterium, and environmental conditions. [51] In general, chitosan
has a better inhibitory effect on gram-positive bacteria than on gram-negative
bacteria. [52, 53] The effect of molecular weight on antimicrobial activity of chi-
tosan is dependent upon the type of bacteria, but multiple studies have shown that
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antimicrobial activity is greater at lower molecular weights of chitosan. [51,52,54]
The interaction between the positively charged chitosan and negatively charged
microbial cell wall is the probable mechanism in which chitosan attacks microbes.
[51] This interaction affects the cell permeability, ultimately inhibiting the micro-
bial growth. Due to the limited solubility of chitosan, the antimicrobial effects
only take place in acidic medium.
2.5.3. Functionalized chitosan
The unique functionality of chitosan allows it to act as a chelating agent and
gives rise to antimicrobial activity. In a similar fashion, the amino and hydroxyl
functional groups can be substituted with other reactive groups to increase or alter
the reactivity of chitosan.
2.5.3.1. Carboxylate modification
The carboxylate group of carboxymethylchitosan can attach to either the
amine or hydroxyl functional groups of chitosan, as shown in Figure 7. If the car-
boxylate group substitutes at the hydroxyl position, it is considered O-carboxymethyl
chitosan. If the carboxylate group substitutes at the amine position, it is consid-
ered N -carboxymethylchitosan. It is also possible to have substitution at both the
hydroxyl and amine groups, which is considered N,O-carboxymethylchitosan.
O
OH
HO
N(CH2COOH)2
O
n
O
OCH2COOH
HO
NH2
O
n
(a) (b)
Figure 7: Chemical structure of (a) N -carboxymethylchitosan and (b) O-
carboxymethylchitosan
Previous work on N,O-carboxymethyl chitosan has shown that it has selective
gas permeability properties, the ability to bind several heavy metal ions, enhanced
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cell migration and proliferation in a wound dressing, and drug delivery potential.
[55–59]
2.5.3.2. Cyano and pyridine modification
Modification of chitosan was also investigated by the addition of cyano and
pyridene groups. These chemical modifications to the chitosan structure, as shown
in Figures 5.1.3 and 9, will provide a platform for chitosan in a variety of applica-
tions.
O
O
HO
NH2
O
n
C
N
O
OH
HO
HN
O
nC N
(a) (b)
Figure 8: Chemical structure of (a) N -cyano-chitosan and (b) O-cyano-chitosan
One application of interest for this study is the the potential to increase the
binding affinity of chitosan for heavy metals, more specifically Cu(II).
O
OH
HO
NH
O
nO
N
Figure 9: Chemical structure of pyridine modified chitosan
2.5.4. Crosslinking via hexamethylene-1,6-diaminocarboxysulfonate
Crosslinking of chitosan is important in order to retain both its mechanical
and morphological properties. In terms of electrospun chitosan fibers, it allows
the fibers to be used in a variety of solvents without loss of fiber morphology.
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One simple method to crosslink chitosan is through the use of hexamethylene-1,6-
diaminocarboxysulfonate (HDACS). A urea bond between the isocyanate group of
HDACS and the amino group of chitosan is formed after activation. The activation
of the crosslink can be done thermally or by introducing the chitosan/HDACS
mixture to a basic environment. [60] The structure of HDACS is shown in Figure
10.
-O3S NHNa
+
O
H
N SO3-
O
Na+
Figure 10: Chemical structure of HDACS
2.5.5. Crosslinking via glutaraldehyde
Another method of crosslinking chitosan is through the use of glutaraldehyde
(GA) vapor. This is especially advantageous when dealing with electrospun fibers
since the GA does not have to be added prior to electrospinning. The as-spun chi-
tosan can be exposed to the GA vapors in an enclosed vapor chamber, minimizing
the morphology changes and eliminating the need to alter any electrospinning pa-
rameters. GA crosslinks chitosan through a Schiff-based imine functionality. The
structure of GA is shown in Figure 11.
O O
Figure 11: Chemical structure of GA
2.6. Filtration
Filtration involves the physical separation of two or more phases via differences
in the phases, such as particle size, density, or electrical charge. [61] The physical
separation can be performed on a variety of phase mixtures, as described in Table
2.
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Table 2: Methods of filtration [61]
Phase extraction Method Size filtered
Solid from solid Screening & Elutriation > 1 µm
Classification
Solid from liquid Filtration 0.1 nm to > 50 µm
Sedimentation
Flotation
Scrubbing (wet or dry)
Electrostatic precipitation
Liquid from liquid Sedimentation < 0.3 µm to > 1 mm
Coalescing
Liquid from gas Demisting > 5 µm
Sedimentation
Gas from liquid Defoaming > 10 nm
Sedimentation
Filtration is solely dependent on the particle size and pore size of the filter
medium, such that the particle to be removed is trapped on or in the filter medium.
A pressure gradient across the filter is required for filtration and can be achieved
by gravity, vacuum, high pressure, or centrifugal forces. [61] A variety of particle
sizes can be separated by filtration, ranging upwards of a couple centimeters down
to large molecules extracted via ultrafiltration systems.
2.6.1. History of filtration for water treatment
The desire to improve drinking water qualities dates back to around 4000 B.C.,
where aesthetic properties such as odor and taste were improved through basic
filtration techniques. [3] Methods such as filtration through charcoal, boiling, or
straining were initially employed to reduce water turbidity. Unbeknownst to the
ancient Sanskrit and Greeks, they were actually removing particles that could
carry microbes, which ultimately reduced the spread of diseases. [3] During the
late 1800s, filtration as a means to remove harmful microbes was becoming more
understood, leading to the adoption of filtration methods to process drinking water
by larger cities. In 1914, the United States Federal Government adopted the first
regulation for drinking water quality, which set a standard for bacterial content.
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[11]
By the mid-1900s, filtration methods, such as adsorption through activated
carbon, became the standard for drinking water purification. However, a study
conducted in 1969 by the Public Health Service concluded that only 60% of all
water systems delivered water that met the current standards. [11] Shortly there-
after, a new legislative proposal for a federal safe drinking water law was passed
by Congress in 1974. This law, entitled the Safe Drinking Water Act (SDWA) of
1974, is overseen by the United States Environmental Protection Agency (EPA)
and requires actions to be taken on a state and local level to protect drinking
water and its sources. [11] The SDWA had major amendments made in 1986 and
1996, ultimately allowing more information to be distributed to consumers and
providing more support to the scientific studies conducted by the Environmental
Protection Agency [62]
2.6.2. Membrane filtration technology
Membrane separation processes, such as microfiltration (MF), ultrafiltration
(UF), nanofiltration (NF), and reverse osmosis (RO), are common methods used
for the filtration of water. [63] Each membrane has a typical pore size, as shown
in Figure 12, that allows it to target a specific size range of contaminant removal.
MF is typically used to remove bacteria, UF is used to remove colloids and viruses,
NF is used to remove organics, and RO is used to remove metal ions.
Pore Size (nm) 
10-1 100 101 102 103 104 
RO 
NF 
UF 
MF 
Figure 12: Representation of pore size for each type of membrane filtration
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Membrane design is extremely important in targeting contaminant removal.
Multiple membrane parameters must be taken into consideration when choosing
an appropriate filtration membrane, such as pore size, surface charge, smoothness,
functionality, and polarity. However, the only current membrane filtration tech-
nology that has the ability to remove ions from solution is RO. [13] Therefore, to
remove heavy metal ions from solution, RO is currently the required method of
processing.
2.6.3. Nanofibrous membranes for filtration applications
As previously discussed, nanofibrous membranes present unique and advan-
tageous qualities that can be applied to filtration applications. This properties
include high porosity, ideal pore size, interconnected pores, high surface area to
volume ratio, and high permeability. [64] However, for electrospun nanofibrous
membranes to be utilized on a larger scale filtration application, issues with me-
chanical strength and accumulation of electrostatic charges during electrospinning
will need to be addressed. There are ultimately two factors that give rise the
a membrane functionality, membrane flux and selectivity. [64] Flux describes the
rate at which species are transported across a membrane (unit: mol/m2s) while se-
lectivity describes the surface properties of the membrane that prevent the desired
species from passing through.
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3. Materials and Methods
3.1. Materials
Chitosan (77% DD, Mw=190-310 kDa), trifluoroacetic acid (TFA, 99% Reagent-
Plus), choloracetonitrile (CAN, 99%), isopropyl alcohol, chloroacetic acid (≥ 99.0%,
ACS Reagent), isonicotinic acid, N -(3-dimethylaminopropyl)-N ’-ethylcarbodiimide
hydrochloride (EDC, commercial grade), N -hydroxysuccinimide (NHS, 98%) sodium
hydroxide (NaOH), glutaraldehyde (GA, 50wt% solution in water), hexamethy-
lene diisocyanate (98%), sodium metabisulfite (97%), Cu(II) sulfate pentahydrate
(98+% ACS Reagent), 4,4’-bis(dimethylamino)thiobenzophenone (Thiomichler’s
ketone, TMK), acetic acid, L-ascorbic acid (99%), N,N -dimethylformamide (DMF,
>99.9%), and sodium acetate (99%) were purchased from Sigma Aldrich (St.
Louis, MO). Ethyl alcohol (EtOH, reagent alcohol 200 proof ACS grade) and ace-
tone (99.5% ACS Reagent) were purchased from VWR International LLC (Rad-
nor, PA). Tween 20 (O/W emulsifier) was purchased from Croda Inc. (Edison,
NJ). Methanol (MeOH, ACS grade) was purchased from BDH Chemicals (Radnor,
PA). All compounds were used as received. All aqueous solutions were prepared
with doubly distilled water.
3.2. Processing methods
3.2.1. Chitosan solution preparation
Solutions of 3.7(w/v)% chitosan in 99% TFA were prepared for all experiments.
After combining the chitosan powder and TFA, the solutions were mixed overnight
at room temperature on an Arma-Rotator A-1 (Bethesda, MD).
3.2.2. Chitosan solution viscosity
The chitosan solution kinematic viscosity was determined using a Zeitfuchs
Cross-Arm Viscometer (Cannon Instrument Co., State College, PA). Measure-
ments were taken according to the ASTM D446 standard.
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3.2.3. Electrospinning parameters for chitosan solutions
Chitosan solutions were each loaded into a 10 mL plastic slip-tip syringe fitted
with a 21 gauge needle (BD Biosciences, San Jose, CA). The polymer-filled syringe
was then placed on a syringe pump (Havard Apparatus, Holliston, MA) with a
constant pump rate set to 1.0 mL/hour. A grounded copper collection plate
wrapped in aluminum foil was placed 10 cm away from the syringe tip. A high
voltage power supply (Gamma High Voltage Research Inc., Ormond Beach, FL)
was connected to the needle tip (positive electrode) and copper collector plate
and an applied voltage of 15 kV was used. The electrospinning setup is shown in
Figure 13.
SYRINGE PUMP 
HIGH VOLTAGE 
POWER SUPPLY 
COPPER 
COLLECTOR 
PLATE 
Figure 13: Electrospining setup
All samples were electrospun for approximately 5 hours. Environmental con-
ditions were monitored for all experiments, with samples only being electrospun
when the relative humidity was lower than approximately 25%. After removal from
the aluminum foil, as-spun chitosan mats were placed in a square plastic storage
container (Simport Plastics, QC, Canada) and stored in a dessicator (Secador 3.0,
Scienceware Bel-Art Products, Wayne, NJ) until further processing.
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3.2.4. Carboxylate modification of chitosan mats
Carboxymethylchitosan mats were prepared using a method adapted from
Abreu and Campana-Filho. [65] The as-spun chitosan mats were placed in a round
glass Petri dish and immersed in 20(w/w)% solution of monochloroacetic acid in
ispropyl alcohol for 5 minutes. After immersion, the mats were rinsed three times
with isopropyl alcohol to remove excess monochloroacetic acid. The modified
mats were then air dried between two polytetrafluoroethylene (PTFE) sheets. Af-
ter drying, the mats were stored in a dessicator (Secador 3.0, Scienceware Bel-Art
Products, Wayne, NJ) until further processing.
3.2.5. Cyano modification of chitosan mats
Cyano-chitosan mats were prepared by placing as-spun chitosan mats in a
round glass Petri dish and immersing in 99% CAN for 5 minutes. Afterwards, mats
were then rinsed three times with isopropyl alcohol to remove excess CAN. The
modified mats were then air dried between two polytetrafluoroethylene (PTFE)
sheets. After drying, the mats were stored in a dessicator (Secador 3.0, Scienceware
Bel-Art Products, Wayne, NJ) until further processing.
3.2.6. Pyridine modification of chitosan mats
Various pre- and post-electrospinning methods were tested to prepare pyridine-
chitosan. The pre-electrospinning method included the addition of 6.16 (w/v)%
isonicotinic acid to the prepared chitosan solution immediately prior to electro-
spinning. The isonicotinic acid was dissolved in the solution using a Vortex-Genie
(Scientific Industries, Inc., Bohemia, NY) until all powder dissolved. The solution
was then electrospun as previously described. After electrospinning, the mat was
either reacted using EDC/NHS at 1:1:1 isonicotinic acid content to EDC/NHS
content or heated at 120◦C for 1 h. The post-electrospinning method included
dissolving isonicotinic acid, NHS, and EDC (1:1:1) in EtOH, MeOH, isopropyl
alcohol, or DMF and soaking the as-spun chitosan mats in the solution for 1 h.
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After soaking, the mat was rinsed with excess solvent to remove any remaining
EDC/NHS.
3.2.7. Neutralization of chitosan mats
All chitosan mats (as-spun and modified) were neutralized to remove any re-
maining trifluoroacetate groups that may be present. Mats were placed in a round
glass Petri dish and immersed in a 5(w/w)% NaOH in EtOH solution for 1 h. Af-
ter immersion, the neutralized mats were rinsed three times with doubly distilled
water to remove any excess solvent. After drying, the mats were stored in a
dessicator (Secador 3.0, Scienceware Bel-Art Products, Wayne, NJ) until further
processing.
3.2.8. Crosslinking of chitosan mats
3.2.8.1. HDACS crosslinking
HDACS was prepared as described by Welsh et. al. [60] Immediately prior
to electrospinning, HDACS powder was added to the chitosan solution in a 5:1
chitosan to HDACS ratio. The solution was mixed on a Vortex-Genie until all
HDACS dissolved. HDACS/chitosan solutions were then electrospun as previously
described.
3.2.8.2. Glutaraldehyde crosslinking
Neutralized chitosan and neutralized modified-chitosan mats were crosslinked
by placing mats in a vapor chamber with 2 mL of GA for a minimum of 24 h.
After crosslinking, the mats were stored in a dessicator (Secador 3.0, Scienceware
Bel-Art Products, Wayne, NJ) until further processing.
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3.3. Chitosan mat characterization
3.3.1. Scanning electron microscopy (SEM)
To analyze the fiber morphologies of the mats pre- and post-modification, im-
ages were taken using a Zeiss Supra 50VP field emission scanning electron micro-
scope (FESEM, Carl Zeiss NTS, LLC, North America). Each sample was sputter
coated with platinum/palladium for 30 s and 40 mA resulting in a 5 nm thick
coating. All SEM images were analyzed using ImageJ software (version 1.43r,
National Institute of Health, USA) to determine mean fiber diameters (n=50).
3.3.2. Fourier transform infrared spectroscopy (FTIR)
All samples were analyzed on an Attenuated Total Reflectance Fourier Trans-
form Infrared Spectrometer (ATR-FTIR) (Thermo Scientific, Waltham, MA). For
each sample, the attenuated total reflectance module was used in the spectral
range of 4000-500 cm-1 with 64 scans at 4 cm-1 resolution.
3.3.3. Nuclear magnetic resonance spectroscopy (NMR)
Unmodified chitosan, cyano-chitosan, and carboxymethylchitosan samples were
analyzed using 1H NMR and 13C NMR (300 MHz Varian Unity Inova, Agilent
Technologies, Santa Clara, CA). Deuterium oxide (D2O) was used as a solvent
for unmodified chitosan and carboxymethyl chitosan while deuterated dimethyl-
sulfoxide (DMSO-d6) was used as a solvent for unmodified chitosan, CMCS, and
cyano-CS. Sample concentration ranged from 11.67(w/v)% to 50.00(w/v)% de-
pending on sample solubility in the solvent. Samples were run for 64 scans and/or
overnight.
3.3.4. Energy dispersive x-ray spectroscopy (EDS)
Elemental analysis was performed on all mats pre- and post-filtration using an
EDS attached to the FESEM to evaluate presence of copper after filtration. EDS
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samples were coated with carbon rather than platinum/palladium.
3.4. Filtration studies using Cu(II) Sulfate
Unmodified and modified chitosan mats were utilized in aqueous Cu(II) sulfate
filtration studies to determine the effect of chitosan modification on its ability to
remove Cu2+ from solution. Results were compared to unmodified chitosan mats.
All mats were neutralized and GA or HDACS crosslinked prior to filtration studies.
A stainless steel gravity filtration setup (Advantec MFS, Inc., Dublin, CA) with
a 47 mm diameter was utilized for the filtration studies, as shown in Figure 14.
After placing the mat in the filtration setup, Cu(II) sulfate solutions were poured
into the chamber and allowed to flow through the chitosan mat. The filtrate was
collected and an aliquot of filtrate was removed for post-filtration analysis. This
method was repeated for a total of 10 passes per mat.
a" b"
c"
Figure 14: Gravity filtration setup: (a) assembled filtration column, (b) detailed
view of filtration outlet, (c) cross-section of filtration outlet showing the support
screen that holds the chitosan mat
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3.4.1. Cu(II) sulfate solutions
Cu(II) sulfate pentahydrate (CuSO4·H2O) was dissolved in doubly distilled
water for all Cu2+ solutions. For initial filtration studies, 500 ppm Cu2+ solutions
were prepared. However, for final filtration studies 30 ppm Cu2+ was utilized to
better mimic the maximum copper concentration found in residential areas (USA,
Canada, Europe). [5]
3.4.2. Acetate buffer solution
Acetate buffer solution was prepared by mixing 0.2M sodium acetate with 0.2M
acetic acid in a 1:1.04 ratio.
3.4.3. 0.05% TMK solution
A 0.05% Thiomichler’s ketone solution was prepared by dissolving 50 mg of
TMK in 1 mL acetone. The solution was diluted with 100 mL of ethanol.
3.4.4. Cu2+ measurement via UV-Vis spectroscopy
To measure copper (II) ion concentrations in solution UV-Vis spectroscopy was
used. Aqueous Cu2+ solutions were complexed using the method described by Fu
and Yuan. [66] In a 25 mL vial, 0.5 mL 0.3% ascorbic acid, 1.0 mL Tween20, 2.5 mL
acetate buffer, and 1.0 mL of the copper-containing solution were mixed together.
1.0 mL of 0.05% TMK solution was then added to the complexing mixture and
diluted with 7.5 mL of water. After 10 minutes, the solution was analyzed under
UV-Vis spectroscopy by measuring the solution absorbance at λ = 500 nm.
3.4.5. Calibration curve
In order to accurately measure Cu2+ concentrations in the filtrate samples, a
calibration curve was constructed to convert absorbance measurements to concen-
tration values. Cu(II) sulfate solutions were prepared at 13 parts per billion (ppb),
130 ppb, 1.3 parts per million (ppm), 12 ppm, and 130 ppm. These solutions were
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complexed using TMK as previously described. The TMK complexation was also
carried out on doubly distilled water as a control.
3.4.6. Filtrate analysis
After filtration studies were completed, the aliquot from each pass was com-
plexed using TMK and analyzed at λ = 500 nm using a UV-Vis spectrometer
(Ocean Optics, Inc., Dunedin, FL). This allowed the Cu2+ removal to be analyzed
versus the number of passes through the chitosan mat.
3.4.7. Post-filtration mat analysis
Each mat used for filtration was analyzed post-filtration under FTIR, SEM,
and EDS to determine any chemical or morphological changes as well as verify
copper content after removal of Cu2+ from solution. Details for each sample tested
via filtration is shown in Table 3.
Table 3: Electrospun chitosan samples for filtration (N = neutralized; GA = GA
crosslinked)
Modification
Method
Sample
Names
Pre-Filtration
Characterization
Post-Filtration
Characterization
As-spun
(NGA-CS)
CS1
CS2
CS3
FTIR
SEM
EDS
FTIR
SEM
EDS
Carboxylate
(NGA-CMCS)
CMCS1
CMCS2
CMCS3
FTIR
SEM
EDS
FTIR
SEM
EDS
Cyano
(NGA-CYANO-CS)
CYANO-CS1
CYANO-CS2
CYANO-CS3
FTIR
SEM
EDS
FTIR
SEM
EDS
3.4.8. Water and Cu2+ flux through the CS membrane
Water and Cu2+ flux were calculated by measuring the eﬄux time of 100 mL 30
ppm Cu2+ through a NGA-CYANO-CS. The area of the NGA-CYANO-CS mat
and concentration of Cu(2+) solution were also taken into consideration when
calculating water flux and Cu2+ flux through the mat, as previously discussed.
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4. Safety Analysis
After evaluating the each process involved in this research, it is evident that
there are various safety issues that must be taken into consideration. The fol-
lowing sections provide details of the potential safety risks and the precautions
and methods that should be taken when addressing these issues associated with
materials, processing, and testing of the post-processed chitosan mats.
4.1. Electrospinning of chitosan
Electrospinning involves applying a high voltage to a polymer solution con-
tained in a syringe with a needle attachment. The polymer charges accumulate at
the tip of the needle until the surface tension of the solution is overcome. The pro-
cess and the materials involved require the use of standard operating procedures
(SOPs) and extra precaution in order to prevent any unnecessary accidents.
1. High Voltage Power Supply (HVPS)
Hazard : Electrical energy supply at voltages that are high enough to in-
flict harm. Severe electrical shock can occur with high amperage, however,
the HVPS used to electrospinning generally maintains lower amperage. For
electrospinning chitosan, 15,000 V and approximately 1 µA are typically ap-
plied. Therefore, the risk for severe burns and implications is not as high as
if there was high amperage involved.
Prevention: A SOP exists for use of the HVPS. Warning signs are placed
at each location of a HVPS. A verbal warning given to each person entering
laboratory and emphasis given on turning off HVPS before touching any
part of the electrospinning setup.
Action: If severe shock occurs, consult a physician.
2. Syringe Needles
Hazard : Syringe needles from electrospinning can protrude through labora-
26
tory gloves causing cuts in the skin.
Prevention: A large sharps container is provided to dispose of all sharps after
use. The container is labeled for easy recognition. Each laboratory member
is also instructed to promptly dispose of any sharps to prevent unattended
sharps resulting in injury by another person. A first-aid kit is also placed
with easy access in the lab.
Action: If small cut by syringe, wash area with soap and water and utilize
first aid kit to dress wound. If larger cut occurs, wash area with soap and
water, apply pressure to wound, and consult a physician. If chemicals are
in syringe needle when cut occurs, refer to MSDS for remediation steps to
take.
3. Syringe Pump
Hazard : Pinch points may be present during the operation of the syringe
pump. If any damage is present on the syringe pump, operation can lead to
injury.
Prevention: A SOP exists for use of the syringe pumps. Keep aware of
movement of syringe pump when in operation. Be sure that the pump is
always grounded and do not operate if damaged. If syringe pump can operate
in forward and reverse, be sure to operate in forward direction to prevent
release of chemical onto pump.
Action: Check syringe pump before operation. If chemical spill occurs, refer
to MSDS for spill procedure.
4. Trifluoroacetic Acid
NFPA Rating
Health Hazard: 3
Fire Hazard: 0
Reactivity Hazard: 0
Hazard : Trifluoroacetic acid (TFA) is a fluorinated derivative of acetic acid
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that is approximately 34,000 times stronger due to the trifluoromethyl group.
Due to its strength, TFA has severe health hazards if handled improperly.
TFA may be harmful if inhaled, absorbed through the skin, swallowed, and
can cause severe eye burns. Under fire conditions, TFA may decompose to
carbon oxides and/or hydrogen fluoride. However, TFA itself will not burn.
Prevention: For these reasons, personal protective equipment must be worn
whenever handling TFA. Chloroprene gloves should be worn when handling
TFA along with a full-length lab coat and safety glasses. TFA should only
be handled in a hood. The TFA container should be closed tightly and
stored in an upright position to prevent any leakage. A waste container for
TFA-containing solutions should be kept away from strong bases, metals,
oxidizing agents, alcohols, epoxides, steel, and aluminum.
Action: If in eyes, eyes should cautiously be rinsed with water for several
minutes. Immediately call poison control center. If inhaled, move to fresh
air and call physician. If in contact with skin, wash with plenty of soap
and water. If swallowed, do not induce vomiting. Rinse mouth with water
and consult a physician. If decomposition occurs under fire conditions, a
self-contained breathing apparatus should be used to distinguish fire. If
spilled, soak up with an inert absorbent material and dispose of properly as
hazardous waste.
4.2. Post-processing
The post-processing techniques utilized require the use of various chemicals
that may pose safety risks if handled improperly. The risks and precautions that
should be taken to address these risks are identified below.
1. Chloroacetonitrile
NFPA Rating
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Health Hazard: 4
Fire Hazard: 2
Reactivity Hazard: 0
Hazard : Chloroacetonitrile (CAN) is an inorganic solvent that has numerous
safety hazards. CAN is a lachrymator, toxic if ingested, and may be fatal
if inhaled or absorbed through the skin. CAN is flammable and can form
highly toxic fumes of hydrogen chloride and hydrogen cyanide.
Prevention: CAN should only be handled in the hood and a respirator should
be worn when handling. As with all laboratory activity, a lab coat and safety
glasses must also be worn. Nitrile gloves or butyl-rubber gloves must be worn
when handing CAN. Any source of ignition should also be avoided since CAN
is flammable.
Action: If CAN gets in contact with skin, the area should be washed imme-
diately with water and soap. If in eyes, wash with water for several minutes.
Immediately call poison control center for any accidental contact with CAN.
If firefighting measures must be taken, a self-contained breathing appara-
tus should be used when distinguishing the fire. If spilled, CAN should be
cleaned up with an electrically protected vacuum cleaner or by wet-brushing
and place in container for disposal.
2. Isopropyl alcohol
NFPA Rating
Health Hazard: 2
Fire Hazard: 3
Reactivity Hazard: 0
Hazard : Isopropyl alcohol (IPA) is a secondary alcohol and should be han-
dled properly due to its flammability. IPA is highly flammable in its liquid
and vapor state and may cause mild skin irritation and severe irritation. In-
halation may cause drowsiness or dizziness. If under fire conditions, carbon
oxides can be formed through decomposition
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Prevention: For the potential hazards mentioned above, IPA should only
be handled in the hood with the sash at the minimum level required to
work. This will prevent inhalation of the chemical. Nitrile gloves must be
worn when handling IPA along with a laboratory coat and safety glasses.
IPA waste must be kept away from oxidizing agents, acid anhydrides, alu-
minium, halogenated compounds, and acids.
Action: If inhaled, move to fresh air immediately. If in contact with skin,
wash with plenty of soap and water. If in contact with eyes, rinse with water
for a minimum of 15 minutes. If swallowed, do not induce vomiting and rinse
mouth with water. In all cases, a physician should be contacted for assis-
tance. If IPA catches fire, a self-contained breathing apparatus should be
used to distinguish the fire due to the possibility of decomposition to carbon
oxides. Water spray, alcohol-resistant foam, dry chemical, or carbon dioxide
should be used to distinguish the fire. If spilled, collect with an electrically
protected vacuum or by wet-brushing and place in an appropriate disposal
container.
3. Monochloroacetic acid
NFPA Rating
Health Hazard: 3
Fire Hazard: 1
Reactivity Hazard: 0
Hazard : Monochloroacetic acid (MCA) is a carboxylic acid that is highly
reactive due to the C-Cl bond. MCA is toxic if swallowed or in contact with
skin, may cause severe skin burns, eye damage, and is very toxic to aquatic
life. MCA is rapidly absorbed through the skin and will target the central
nervous system, heart, skeletal system, and kidneys. Under fire conditions,
MCA may decompose into carbon oxides and/or hydrogen chloride gas.
Prevention: In order to prevent burns caused by MCA, a laboratory coat,
safety glasses, and nitrile gloves must be worn at all times. MCA should also
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only be handled in a hood. Waste MCA should be disposed of in a manner
to avoid contact with oxidizing agents, strong bases, and strong reducing
agents.
Action: If inhaled, move to fresh air immediately. If in contact with skin,
remove contaminated clothing, rinse with water, and take to hospital im-
mediately. If in contact with eyes, rinse with water for a minimum of 15
minutes and continue to rinse during transport to hospital. If swallowed, do
not induce vomiting, rinse with water, and consult a physician. If MCA is
under fire conditions, a self-containing breathing apparatus should be used
to distinguish the fire. The area should be evacuated and avoid breathing
any dust formation. If spilled, sweep up in a manner to avoid forming any
dust.
4. EDC
NFPA Rating
Health Hazard: 2
Fire Hazard: 0
Reactivity Hazard: 0
Hazard : EDC is a water soluble carbodiimide that is generally used in con-
junction with NHS. EDC can cause skin irritation, serious eye damange, or
respiratory irritation.
Prevention: Always wear safety glasses, nitrile gloves, and a laboratory coat
and handle EDC in a laboratory hood. Dispose of in a fashion that avoids
contact with strong oxidizing agents and strong acids.
Action: If on skin, wash with plenty of soap and water. If inhaled, bring
victim to fresh air and allow rest. If in eyes, rinse with water for several
minutes. If swallowed, contact poison control center.
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5. NHS
NFPA Rating
Health Hazard: 0
Fire Hazard: 0
Reactivity Hazard: 0
Hazard : NHS is an organic compound that is slightly acidic and can therefore
cause slight irritations to the eyes and skin.
Prevention: Always handle NHS with safety glasses, nitrile gloves, and a
laboratory coat.
Action: If on skin, wash with plenty of soap and water. If inhaled, bring
victim to fresh air. If in eyes, rinse with water for several minutes. If
swallowed, rinse mouth with plenty of water.
6. Isonicotinic acid
NFPA Rating
Health Hazard: 2
Fire Hazard: 0
Reactivity Hazard: 0
Hazard : Isonicotinic acid is an organic compound containing a pyridine ring.
It can cause skin irritation, serious eye damage, and respiratory irritation.
Prevention: Always wear safety glasses, nitrile gloves, and a laboratory coat
while handling isonicotinic acid. This compound should also always be han-
dled in a laboratory hood. Dispose of isonicotinic acid in a manner that
avoids contact with strong oxidizing and reducing agents.
Action: If in eyes, rinse with water for at least 15 minutes. If inhaled, move
victim to fresh air. If skin contact occurs, rinse with plenty of soap and
water.
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7. DMF
NFPA Rating
Health Hazard: 2
Fire Hazard: 2
Reactivity Hazard: 0
Hazard : DMF is an organic compound that is a derivative of formamide.
It is a flammable, colorless liquid, can be harmful if skin contact occurs, if
inhaled, and can cause serious eye damage. Of most concern is its ability to
cause damage to a person’s fertility, meaning it is a teratogen.
Prevention: Always wear laboratory glasses, chloroprene gloves, and a lab-
oratory coat when handling DMF. DMF must also always be handled in a
hood due to its potential hazards. Dispose of DMF in a manner to avoid
contact with strong oxidizing agents.
Action: If on skin, remove contaminated clothing immediately and rinse skin
with water. If inhaled, move victim to fresh air for rest. If in eyes, rinse
with water for several minutes.
8. Methanol
NFPA Rating
Health Hazard: 2
Fire Hazard: 3
Reactivity Hazard: 0
Hazard : Methanol is a simple alcohol that is a flammable liquid. Its effects
target the eyes, liver, kidneys, central nervous system, and heart, and is
toxic by inhalation, ingestion, and skin absorption.
Prevention: Always handle methanol wearing laboratory glasses, nitrile
gloves, a laboratory coat, and while under a laboratory hood. Avoid heat,
flames, or sparks and dispose of in a manner to avoid contact with acid chlo-
rides, acid anhydrides, oxidizing agents, alkali metals, reducing agents, and
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acids.
Action: If swallowed or exposed, contact poison control center. Decomposi-
tion can result in carbon oxide formation, therefore, if firefighting measures
are necessary a self-contained breathing apparatus should be used.
9. Sodium hydroxide
NFPA Rating
Health Hazard: 3
Fire Hazard: 0
Reactivity Hazard: 2
Hazard : Sodium hydroxide may cause sever skin burns and eye damage, and
is also harmful to aquatic life.
Prevention: Sodium hydroxide should always be handled while wearing a
laboratory coat, safety glasses, and nitrile gloves to prevent any damage to
skin or eyes. Waste should be disposed of in a manner to avoid contact with
strong oxidizing agents, strong acids, or organic materials.
Action: If inhaled, move to fresh air. If swallowed, do not induce vomiting.
In all instances, contact a medical professional for assistance.
10. Ethanol
NFPA Rating
Health Hazard: 2
Fire Hazard: 3
Reactivity Hazard: 0
Hazard : Ethanol is a highly flammable liquid and vapor.
Prevention: Always handle ethanol using a laboratory coat, safety glasses,
and nitrile gloves. Avoid using and equipment that may cause sparks near
ethanol. Avoid contact with heat, flames, sparks, or direct sunlight. Waste
should be disposed of in a manner to avoid contact with alkali metals, am-
monia, strong oxidizing agents, and peroxides.
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Action: If inhaled, move to fresh air. If swallowed, do not induce vomiting.
If skin contact occurs, wash with soap and water.
11. Glutaraldehyde
NFPA Rating
Health Hazard: 3
Fire Hazard: 0
Reactivity Hazard: 1
Hazard : Glutaraldehyde can cause severe burns and eye damage, is toxic if
swallowed or inhaled, may cause skin allergy, asthma, and is very toxic to
aquatic life.
Prevention: Always handle glutaraldehyde with a laboratory coat, safety
glasses, nitrile gloves, and in an appropriate chemical hood. Avoid contact
with strong acids, strong bases, and strong oxidizing agents.
Action: If inhaled, move to fresh air. If swallowed, do not induce vomiting.
If skin contact occurs, wash with soap and water. In all instances, consult
poison control center for assistance.
12. ATR-FTIR
Hazard : The ATR-FTIR utilizes a helium-neon (HeNe) laser for measure-
ment purposes. HeNe lasers are considered Class I and under normal oper-
ating conditions, should be safe for use.
Prevention: The user should never stare into the laser while running the
ATR-FTIR.
Action: If hazardous exposure through staring into the laser occurs, seek
medical attention.
13. SEM
Hazard : SEM utilizes an electron beam to bombard the surface of sample.
The electron beam produces x-ray radiation when it bombards the sample
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surface. However, SEM are typically equipped with a shielding system that
allows minimal radiation to escape.
Prevention: All users should be properly trained on the SEM and radia-
tion emission should be monitored and maintain a level below 0.5 mR at 5
centimeters from the unit.
14. NMR
Hazard : NMR utilizes superconducting magnets to measure the bond inter-
actions in molecules. These superconducting magnets can cause ferromag-
netic object to become projectiles. The NMR magnets can also interfere
with ferromagnetic surgical implants, which could result in injury or death.
Prevention: Any object other than the sample-containing NMR tube should
be left at the entrance of the NMR room. This especially includes any
magnetic object such as a cell phone, keys, or identification card. If a ferro-
magnetic surgical implant is in the body, do not use the NMR equipment at
all.
4.3. Filtration
In order to evaluate the filtration potential of the post-processed nanofibers,
heavy metal ion solutions must be prepared and tested. Heavy metal ions and the
chemicals involved in testing the solutions require extra precautions to be taken,
as outlined below.
1. Cu(II) Sulfate Pentahydrate
NFPA Rating
Health Hazard: 2
Fire Hazard: 0
Reactivity Hazard: 0
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Hazard : Copper(II) sulfate pentahydrate is a copper salt that is very soluble
in water. Copper (II) sulfate pentahydrate can irritate the respiratory tract
if inhaled, the skin if absorbed through the skin, may cause eye irritation, and
is toxic if swallowed. Under fire conditions, copper(II) sulfate pentahydrate
will not burn itself but may decompose to sulfur oxides or copper oxides.
Copper (II) sulfate pentahydrate reacts violently with hydroxylamine and
magnesium.
Prevention: Copper(II) sulfate pentahydrate should always be handled in a
hood with nitrile gloves. A laboratory coat and safety glasses should also
be worn when handling copper(II) sulfate pentahydrate. Waste copper(II)
sulfate pentahydrate should be disposed of in a container avoiding contact
with powdered metals, anhydrous copper(II) sulfate, hydroxylamine, and
magnesium.
Action: If inhaled, move to fresh air. If in contact with skin, wash with
plenty of water and immediately take victim to hospital. If in eyes, rinse with
water for a minimum of 15 minutes. If swallowed, rinse mouth with water.
In all cases, contact a physician. Under fire conditions, a self-contained
breathing apparatus should be used to distinguish the fire. If spilled, sweep
up in a manner to avoid formation of dust and dispose of in an appropriate
container.
2. TMK
NFPA Rating
Health Hazard: 2
Fire Hazard: 0
Reactivity Hazard: 0
Hazard : TMK may cause respiratory tract irritation, skin irritation, eye
irritation, and may be harmful if swallowed. Under fire conditions, TMK
may decompose into carbon oxides, nitrogen oxides, and/or sulfur oxides.
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Prevention: TMK should only be handled under a hood. A laboratory
coat, safety glasses, and nitrile gloves should be worn when handling TMK.
Waste TMK should be disposed of in a container avoiding contact with
strong oxidizing agents.
Action: If inhaled, move victim to fresh air. If swallowed, rinse mouth with
water. If in contact with eyes, rinse with water for a minimum of 15 minutes.
If in contact with skin, wash with plenty of soap and water. In all instances,
contact a physician after accidental contact. If fire occurs, a self-contained
breathing apparatus should be worn to distinguish fire. If spilled, sweep up
in a manner to avoid dust formation and dispose of in a proper container.
3. Acetone
NFPA Rating
Health Hazard: 2
Fire Hazard: 3
Reactivity Hazard: 0
Hazard : Acetone is a common solvent that is miscible with water. It is
highly flammable in both its liquid and vapor states, causes mild skin irri-
tation, serious eye irritation, and may cause drowsiness or dizziness upon
inhalation. Under fire conditions, acetone can form hazardous carbon ox-
ides. Acetone reacts violently with phosphorous oxychloride.
Prevention: Any source of ignition should be kept away from acetone due to
its high flammability. A flame-retardant antistatic laboratory coat, safety
glasses, and butyl-rubber gloves should always be worn when handling ace-
tone. Acetone should be disposed of in a container avoiding contact with
bases, oxidizing agents, reducing agents, and phosphorous oxychloride.
Action: If inhaled, move victim to fresh air. If swallowed, do not induce
vomiting and rinse mouth with water. If in contact with eyes, rinse with
water for a minimum of 15 minutes. If in contact with skin, wash with plenty
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of soap and water. In all instances, contact a physician after accidental con-
tact. Under fire conditions, a self-contained breathing apparatus should be
worn to distinguish the fire. If spilled, collect with an electrically protected
vacuum cleaner or by wet-brushing and place in and appropriate container
for disposal.
4. Ascorbic acid
NFPA Rating
Health Hazard: 0
Fire Hazard: 0
Reactivity Hazard: 0
Hazard : Ascorbic acid is an organic acid that is considered one form of vita-
min C. There are few hazards associated with ascorbic acid. However, slight
irritation may occur if inhaled, swallowed, or in contact with eyes or skin.
Ascorbic acid is not flammable but may decompose under fire conditions to
form carbon oxides. Ascorbic acid is also light sensitive.
Prevention: A laboratory coat, safety glasses, and nitrile gloves should be
worn when handling ascorbic acid. It should be stored away from direct
contact with light. Waste ascorbic acid should be disposed of in a container
avoiding contact with strong oxidizing agents.
Action: If inhaled, move person to fresh air. If in contact with skin, wash
with soap and water. If in eyes, flush eyes with water. If swallowed, rinse
mouth with water. Under fire conditions, a self-contained breathing appa-
ratus should be used to distinguish fire. If spilled, sweep up with a shovel
and dispose of in an appropriate container.
5. Acetic acid
NFPA Rating
Health Hazard: 3
Fire Hazard: 2
Reactivity Hazard: 0
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Hazard : Acetic acid is a common carboxylic acid that is flammable in both
the liquid and vapor states, harmful if swallowed, and can cause severe skin
burns and eye damage. Acetic acid may be absorbed through the skin and
can cause damage to both the kidneys and teeth. If ignited, acetic acid can
decompose to hazardous carbon oxides.
Prevention: Any source of ignition should be kept away from acetic acid
due to its flammability. Acetic acid should always be handled in a hood
while wearing a flame-retardant antistatic laboratory coat, safety glasses,
and butyl-rubber or chloroprene gloves. Waste acetic acid should be disposed
of in a container avoiding contact with oxidizing agents, soluble carbonates
and phosphates, hydroxides, metals, peroxides, permanganates, amines, al-
cohols, and nitric acid.
Action: If inhaled, move person to fresh air. If contact with skin occurs,
wash with plenty of soap and water. In case of eye contact, rinse with plenty
of water for a minimum of 15 minutes and continue rinsing during transport
to hospital. If swallowed, do not induce vomiting and rinse mouth with wa-
ter. In all cases, consult a physician for assistance. Under fire conditions,
a self-contained breathing apparatus should be used to distinguish the fire.
If spilled, soak up with an inert absorbent material and dispose of in an
appropriate container.
6. UV-Vis Spectroscopy
Hazard : The UV-Vis utilizes ultraviolet and visible light to measure ab-
sorbance or transmittance of the light through a sample. Therefore, it con-
tains ultraviolet radiation. The unit also has an internal high voltage power
supply.
Prevention: Safety glasses should always be worn when operating the UV-
Vis to prevent damage to the eyes. Due to the internal high voltage power
supply, the unit should not be adjusted when connected to a power source.
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Action: If electrical shock occurs or eye damage due to the ultraviolet radi-
ation, seek medical attention.
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5. Results and Discussion
5.1. Post-processing of chitosan mats
Prior to conducting filtration studies, the carboxymethyl- and cyano-functionalization
of chitosan was investigated using a simple two-phase post-electrospinning tech-
nique, as previously discussed. This method was chosen in order to prevent the
need to optimize the electrospinning parameters for each new functionality. This
way, chitosan was electrospun using the existing electrospinning conditions to form
nanofibrous mats. The two-phase post-processing was then investigated in order
to retain the fibrous morphology of the chitosan mats while verifying the chemical
functionality was achieved.
5.1.1. As-spun chitosan
Prior to two-phase post-processing, as-spun chitosan was evaluated as means of
a control specimen. As previously discussed, there are several parameters that can
affect the final fiber morphology of electrospun polymers. For the 3.7wt% chitosan
solution used in all experiments, the solution had a mean kinematic viscosity of
238 cSt. During electrospinning, the needle tip was kept 10 cm away from the
collector plate, 15 kV were applied to the system, and the chitosan solution was
pumped out of the syringe at a rate of 1.0 mL/h. As shown in Figure 15, the
resulting fiber morphology is white, smooth, and uniformly cylindrical fibers. The
mean fiber diameter was 96 ± 27 nm with the fiber diameters assuming a normal
distribution as observed by the histogram in Figure 15b. This observation was
verified by constructing a normal scores plot which showed that the data was
accurately described by a normal distribution.
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Mean fiber diameter = 96 ± 27 nm b 
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Figure 15: As-spun chitosan (a) SEM image and (b) fiber diameter distribution
(n=50) with a mean fiber diameter of 96 ± 27 nm
FTIR was performed on the as-spun chitosan in order to verify the chemical
structure of chitosan, as shown in Figure 16. The characteristic chitosan peaks
are indicated by the dashed vertical lines: O-H and N-H axial stretch (3460 cm-1),
C-H axial stretch (2780 cm-1), C=O axial stretch or amide I (1673cm-1), 1◦ amine
N-H angular deformation (1630 cm-1), N-H of amide II (1527 cm-1), C-N stretch
(1430 cm-1), CH3 symmetric angular deformation (1380 cm
-1), amide III (1315
cm-1), polysaccharide skeleton (C-O and C-O-C bonds) (1198 cm-1 - 1052 cm-1).
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Figure 16: FTIR of as-spun CS
5.1.2. Carboxylate modification
Most previously described methods of synthesizing carboxymethylchitosan re-
quire the dissolution of the chitosan to add the carboxylate group. [55, 56, 67, 68]
However, one goal of this work was to retain the advantageous fibrous struc-
ture of electrospun chitosan while altering the functionality, regardless of location
of addition (i.e. N -carboxymethylchitosan, O-carboxymethylchitosan, or N,O-
carboxymethylchitosan). Therefore a modified method based on the work pre-
viously described by de Abreu and Campana-Filho was utilized in order to expose
the fibers to milder conditions while also decreasing the number of processing
steps. [65] It is important to note that the method described by de Abreu and
Campana-Filho utilized a similar type of bulk chitosan (medium molecular weight
derived from crab shells with a degree of acetylation of approximately 75%) and
N,O-carboxymethylchitosan was structurally synthesized.
After immersion in 20(w/w)% monochloroacetic acid in isopropyl alcohol for
5 min, the chitosan mat retained the cylindrical, smooth fibrous structure, with
a mean fiber diameter of 131 ± 74 nm, as shown in Figure 19. No color changes
were seen after carboxymethylation as well. A significant increase in the fiber
diameter was observed, as determined by a one-way analysis of variance (p <
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0.05). However, this increase is not of concern since the nanofibrous structure
was retained and will therefore still have the advantages previously discussed (i.e.
increased surface area to volume ratio and increased porosity). The increased mean
fiber diameter and standard deviation can be attributed to the post-processing
methods used, where immersion in the monochloroacetic acid solution may have
caused fiber swelling.
b Mean fiber diameter = 131 ± 74 nm 
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Figure 17: Carboxymethylchitosan nanofibers (a) SEM image and (b) fiber diam-
eter distribution (n=50) with a mean fiber diameter of 131 ± 74 nm
FTIR was performed on the CMCS in order to verify the addition of the
carboxylate group, as shown in Figure 18. The expected characteristic chitosan
groups were present in the sample, as indicated by the vertical dashed lines: O-
H and N-H axial stretch (3410 cm-1), C-H axial stretch (2960 cm-1), C=O axial
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stretch or amide I (1664 cm-1), 1◦ amine N-H angular deformation (1623 cm-1),
N-H of amide II (1524 cm-1), C-N stretch (1415 cm-1), CH3 symmetric angular
deformation (1380 cm-1), amide III (1317 cm-1), polysaccharide skeleton (C-O and
C-O-C bonds) (1198 cm-1 - 1080 cm-1). The addition of the carboxylate group is
verified by the C=O peak (1670 cm-1), indicated by the arrow. It is suspected that
the narrowing of this peak when compared to that in as-spun CS further supports
the addition of the carboxylate group.
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Figure 18: FTIR of CMCS
5.1.3. Cyano modification
The cyano-functionalization of chitosan has not been previously investigated
according to literature. Using a similar method to that of carboxymethylation,
as discussed in Section 3.2.5, cyano-functionalization was investigated through
solution-phase processing with CAN. The post-processing retained the desired
fibrous morphology with round, smooth fibers, and caused no change in color of
the mat, as shown in Figure 19. The resulting mean fiber diameter was 85 ±
29 nm, showing no significant change (p > 0.05) in fiber diameter between the
as-spun chitosan and the cyano-chitosan.
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Mean fiber diameter = 85 ± 29 nm b 
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Figure 19: CYANO-CS nanofibers (a) SEM image and (b) fiber diameter distri-
bution (n=50) with a mean fiber diameter of 85 ± 29 nm
Once again, FTIR was performed on the CYANO-CS in order to verify the
addition of the cyano group, as shown in Figure 20. The expected character-
istic chitosan peaks are indicated by vertical dashed lines: O-H and N-H axial
stretch (3415 cm-1), C-H axial stretch (2905 cm-1), C=O axial stretch or amide I
(1673cm-1), 1◦ amine N-H angular deformation (1630 cm-1), N-H of amide II (1538
cm-1), C-N stretch (1440 cm-1), CH3 symmetric angular deformation (1380 cm
-1),
amide III (1305 cm-1), polysaccharide skeleton (C-O and C-O-C bonds) (1199 cm-1
- 1090 cm-1). The C≡N peak should be present between 2200 cm-1 and 2300 cm-1,
as indicated by the gray box. Unfortunately this peak was not seen during FTIR
evaluation. However, changes in apparent solubility of the mats did indicate a
chemical modification of the chitosan.
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Figure 20: FTIR of CYANO-CS
13C NMR was then conducted in order to determine if the characteristic C≡N
peak could be observed using that analysis method, as shown in Figure 21. The
CYANO-CS was dissolved in 2:1 deuterated acetic acid to deuterium oxide and 64
scans were collected. The peaks at δ = 105.85 ppm and δ = 20.70 ppm correspond
to the C1 atom and CH3 group of chitosan, respectively. [69] Most importantly,
the peak at δ = 109.11 corresponds to the C≡N group, verifying the addition of
the cyano group using the CAN two-phase post-processing technique.
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Figure 21: 13C NMR of CYANO-CS
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5.1.4. Pyridine modification
Preliminary studies in the modification of as-spun CS with pyridine groups
were performed. Initially, EDC/NHS coupling was investigated as a post-electrospinning
process. EDC/NHS coupling should activate the carboxyl group on the pyridine
molecule to allow spontaneous reaction with an available amine group of chitosan,
as shown in Figure 22.
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Figure 22: Reaction scheme for pyridine-modified chitosan using EDC/NHS cou-
pling
Various solvents were investigated for the EDC/NHS coupling, as shown in
Table 4. Unfortunately the dissolution of the mats in water indicated that the
chemical structure was not sufficiently altered.
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Table 4: Trials for pyridine modification of CS
Solvent Reaction time Dissolution in water
EtOH 1 h Yes
EtOH 21 h Yes
MeOH 21 h Yes
DMF 21 h Gelled
An alternative method was next investigated where isonicotinic acid was dis-
solved into the CS solution prior to electrospinning. Following electrospinning, the
mat was post-activated by heating at 120◦C for 2 h. This method was adapted
from the HDACS crosslinked CS procedure. This method of processing resulted
in slightly branched, cylindrical fibers and caused no color change in the mat, as
shown in Figure 23. The pyridine-CS had a mean fiber diameter of 81 ± 45 nm,
exhibiting no significant change (p > 0.05) in fiber diameter from the as-spun CS.
a 
b Mean fiber diameter = 81 ± 45 nm 
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Figure 23: Pyridine-CS nanofibers (a) SEM image and (b) fiber diameter distri-
bution (n=50) with a mean fiber diameter of 81 ± 45 nm
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FTIR was performed pre- and post-activation, as shown in Figure 24a and
24b, respectively. Characteristic chitosan peaks are indicated by dashed vertical
lines: O-H and N-H axial stretch (3425 cm-1), C-H axial stretch (2900 cm-1), C=O
axial stretch or amide I (1670cm-1), 1◦ amine N-H angular deformation (1620
cm-1), N-H of amide II (1525 cm-1). Changes between the pre- and post-activated
FTIR suggest that rather than adding the pyridine group at the amine site, it
was added at the hydroxyl (O-H) site. This is evident by the decrease in the
O-H peak, indicated by the blue line (1145 cm-1). With the pyridine addition at
the O-H site, an ester is formed. Ester peaks are indicated by green lines (1715
cm-1, 1377 cm-1, and 1075 cm-1), where the original amine (-NH2) peak at 1075
cm-1 broadened in the post-activated sample. With the supporting FTIR data,
the proposed pyridine-modified CS structure is shown in Figure 25, where the
pyridine group added at the O-H site forming an ester.
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Figure 24: FTIR of pyridine-CS
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Figure 25: Proposed structure of pyridine-CS
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5.2. Cu(II) filtration
After verifying the fiber retention and chemical changes in the chitosan mats,
the Cu2+ removal ability of the modified chitosan was investigated. As previously
discussed in Section 3, a simple gravity filter was used to pass Cu2+ solution with
a known concentration through the chitosan mats (as-spun and functionalized) for
multiple passes. At each pass, an aliquot of the filtrate was removed in order to
monitor the Cu2+ removal via UV-Vis spectroscopy.
5.2.1. Calibration curve
Prior to measuring Cu2+ concentration in water, a calibration curve was con-
structed. Since such small quantities of Cu2+ were being utilized (less than 500
ppm), no color change in the water was seen with the addition of the CuSO4.
Therefore, a complexing agent was required in order to measure the Cu2+ concen-
tration by UV-Vis spectroscopy. A Cu2+ complexing method previously described
by Fu and Yuan was utilized, where TMK complexes Cu2+ according to Figure
26. [66]
N NC
S
N NC
S
Cu2+
Figure 26: Cu(II) complex with TMK
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Cu2+ in water solutions were prepared at concentrations of 0 parts per trillion
(ppt), 13 parts per billion (ppb) , 130 ppb, 1.3 ppm, 13 ppm, and 130 ppm,
as shown in Figure 27. It is evident that with increasing Cu2+ concentration, the
color of the solution changes from a yellow tone to a deep red color. It is important
to note that the solution that has a Cu2+ concentration below the EPA MCLG of
1.3 ppm has a yellow color.
Figure 27: Cu(II)/TMK-Complex samples used to construct UV-Vis calibration
curve shown in increasing copper content: 0 ppt, 13 ppb, 130 ppb, 1.3 ppm, 13
ppm, and 130 ppm (L-R)
The absorbance of each solution was then measured using UV-Vis spectroscopy
at λ = 500 nm, as identified by Fu and Yuan. [66] A calibration curve was con-
structed by plotting the Cu2+ concentration in solution versus the absorbance at
λ = 500 nm, as shown in Figure 28. At concentrations ≤ 1.3 ppm, no absorbance
was detected. However, at concentrations greater than 1.3 ppm, a linear rela-
tionship between concentration and absorbance could be described by equation
1,
A = 0.0042 · C (1)
where A is the measured absorbance at λ = 500 nm and C is the Cu2+ concen-
tration in ppm.
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Figure 28: Calibration curve for Cu(II) concentration determination using UV-Vis
spectroscopy
5.2.2. Preliminary filtration studies
After development of the calibration curve, preliminary filtration studies were
conducted in order to optimize the filtration procedure.
5.2.2.1. Neutralized CS (control sample)
It is important to note that the as-spun chitosan control samples were neu-
tralized prior to filtration in order to prevent dissolution of the mat in water from
any residual trifluoroacetate groups. For the chitosan preliminary trials, 500 ppm
Cu2+ solution was utilized. The Cu2+ solution was passed through the neutralized
chitosan mat for a total of 10 passes. Images of the mat pre-filtration and post-
filtration are shown in Figure 29. After 10 passes of the Cu2+ solution through
the neutralized chitosan mat, the mat gelled. However the gelled chitosan yielded
a blue color, indicating the presence of Cu2+ on the gelled mat and removal of
copper from the solution.
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a b 
Figure 29: Images of neutralized CS mat (a) pre-filtration and (b) post-filtration
using 500 ppm Cu2+ solution for preliminary filtration trials
Each aliquot of filtrate was analyzed via UV-Vis spectroscopy to determine
if there was any correlation between number of passes and Cu2+ concentration.
The concentration results are shown in Figure 30. Although a linear relationship
between number of passes and concentration was not present, the neutralized
chitosan mat removed approximately 150 ppm Cu2+ from solution, considering the
starting concentration was approximately 500 ppm Cu2+. The variation in Cu2+
concentration between passes suggests that the neutralized chitosan has either
reached its Cu2+ binding capacity after removal of 150 ppm or that the neutralized
chitosan is not strongly binding the Cu2+. This results in Cu2+ washing off back
into the filtrate with additional passes.
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Figure 30: Cu2+ concentration vs. number of passes for neutralized CS filtration
with 500 ppm solution
The gelling of the neutralized chitosan mat was a concern, however, HDACS
crosslinking was then investigated in order to prevent further gelling in the control
samples. Preliminary trials using carboxymethylchitosan and cyano-chitosan were
also conducted in order to determine if this would only occur with the unmodified
chitosan.
5.2.2.2. HDACS crosslinked CS (control sample)
It was proposed that crosslinking chitosan using HDACS, as described in
Section 3.2.8, would prevent gelling of the chitosan mat during filtration. The 5:1
chitosan to HDACS solution produced a rough textured fibrous mat with increased
fiber diameters (mean fiber diameter was 715 ± 464 nm), as shown in Figure 31.
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Figure 31: SEM image of HDACS crosslinked CS with a mean fiber diameter of
715 ± 464 nm
Once again, 500 ppm Cu2+ solution was utilized for the HDACS crosslinked
CS (HDACS-CS) preliminary filtration studies. The Cu2+ solution was passed
through the HDACS-CS 10 times and an aliquot of filtrate was removed with each
pass. After filtration, it appeared that most of the HDACS-CS had dissolved. The
remnants of the dissolved HDACS-CS mat were gelled with a slight blue tint, as
shown in Figure 32.
a b 
Figure 32: Images of HDACS crosslinked CS mat (a) pre-filtration and (b) post-
filtration using 500 ppm Cu2+ solution for preliminary filtration trials
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The filtrate was not analyzed via UV-Vis spectroscopy since most of the
HDACS-CS mat dissolved. After preliminary filtration trials using neutralized
CS and HDACS-CS as the control sample, it was apparent that the unmodified
CS control sample would have to be both neutralized and crosslinked in order to
prevent dissolution or gelling during filtration.
5.2.2.3. CMCS
For preliminary filtration trials of CMCS, 30 ppm Cu2+ was utilized in order to
evaluate whether Cu2+ concentration had an effect on the dissolution of the mat
that was observed with both neutralized CS and HDACS-CS control samples.
As with the control samples, the 30 ppm Cu2+ solution was passed through the
CMCS mat for a total of 10 passes. Filtrate was aliquoted at each passed for
copper concentration analysis. After 10 passes of Cu2+ solution, the CMCS had
nearly all dissolved, as shown in Figure 33. For this reason, the filtrate was not
analyzed via UV-Vis spectroscopy for copper concentration determination. After
the preliminary CMCS trials, it was evident that the functionalization of the CS
was not sufficient enough to prevent dissolution during exposure to Cu2+ solutions.
a b 
Figure 33: Images of CMCS mat (a) pre-filtration and (b) post-filtration using 30
ppm Cu2+ solution for preliminary filtration trials
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5.2.2.4. CYANO-CS
For the preliminary filtration studies of CYANO-CS, 500 ppm Cu2+ solution
was utilized. As with previous studies, the solution was passed through the mat
for a total of 10 times. At each pass an aliquot of filtrate was removed for further
analysis. Unfortunately after 10 passes of 500 ppm Cu2+ solution, the CYANO-CS
mat had nearly completely dissolved. Once again, the filtrate was not analyzed via
UV-Vis spectroscopy for copper concentration determination. After the prelimi-
nary CYANO-CS trials, it was evident that the functionalization of the CS was
not sufficient enough to prevent dissolution during exposure to Cu2+ solutions.
a b 
Figure 34: Images of CYANO-CS mat (a) pre-filtration and (b) post-filtration
using 500 ppm Cu2+ solution for preliminary filtration trials
5.2.3. Final filtration studies
After conducting the preliminary filtration trials, it was apparent that more
processing to the chitosan mats would have to been done in order to prevent dis-
solution or gelling upon exposure to Cu2+ solutions. Therefore, each mat was
neutralized and GA crosslinked prior to filtration. This means that not only the
control CS sample was neutralized and GA crosslinked but so were the CMCS
and CYANO-CS samples after post-processing to attach the respective functional
groups. GA crosslinking was chosen over HDACS crosslinking because this is car-
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ried out in a vapor chamber after electrospinning. This allowed the crosslinking
procedure to be uniform for all sample types, since the carboxymethyl and cyano
post-processing techniques were already developed using as-spun CS rather than
HDACS-CS. GA crosslinks CS through a Schiff base imine functionality, as shown
in Figure 35. [70] The neutralization of all mats ensured that any residual triflu-
oroacetate groups left from electrospinning would be removed, further decreasing
the water solubility of the mats.
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Figure 35: Mechanism for GA crosslinking of chitosan
As discussed in Section 3.4.1, 30 ppm Cu2+ solutions were utilized for all
final filtration studies in order to better mimic the high copper levels observed in
residential areas across the United States, Canada, and Europe. [5] At this low of
a concentration, there is no visible blue color in the copper solution.
5.2.3.1. Neutralized/GA crosslinked CS (control sample)
After 10 passes of approximately 30 ppm Cu2+, the neutralized/GA crosslinked
CS (NGA-CS) remained in-tact with no gelling or dissolution observed, as shown
in Figure 36. The post-filtration mat yielded a visible blue color across the entire
mat, indicating the removal of Cu2+ from solution. Such visible blue color is
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interesting as the mat concentrated the copper out of the solution, considering
there is no evidence of blue color in the copper solution at all.
b a 
Figure 36: Images of neutralized, GA crosslinked CS mat (a) pre-filtration and
(b) post-filtration (control sample)
After each pass through the NGA-CS mat, an aliquot of filtrate was removed
for further analysis via UV-Vis spectroscopy. The TMK-Cu complex generally
yielded a deep red color for the NGA-CS filtrate, as shown in Figure 37. Visual
inspection suggests that after 6 passes, the Cu2+ reaches its lowest concentration.
After 6 passes the Cu2+ appears to be washing off back into the filtrate, as observed
with the preliminary CS trials.
Figure 37: TMK complexed filtrate samples for neutralized, GA crosslinked CS
(control sample). Numbering indicates the number of times the solution was
passed through the mat before being aliquoted from the filtrate solution.
The visual observations were verified by the calculated Cu2+ concentration
from the UV-Vis absorbance values, as shown in Figure 38. However, it appears
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that the lowest Cu2+ concentration occurred after 7 passes rather than 6. As
observed in the CS preliminary filtration trials, the Cu2+ concentration did not
have a linear correlation with the number of passes through the mat. The green
box shown in Figure 38 is representative of the EPA MCLG for Cu2+, indicating
that none of the NGA-CS samples reduced the Cu2+ concentration enough to be
below the MCLG.
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Figure 38: Filtrate concentrations (ppm) for NGA-CS (control sample) for each
consecutive pass through the NGA-CS mat
SEM images were taken pre- and post-filtration in order to evaluate changes in
fiber morphology, as shown in Figures 39a and 39b. It is apparent that the fibrous
structure is retained post-filtration. However, the fiber diameter distributions
for pre- and post-filtration (Figures 39c and 39d, respectively) and analysis of
variance suggests that there was insignificant fiber swelling after exposure to the
Cu2+ solution (p > 0.05).
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Figure 39: Neutralized, GA crosslinked CS SEM images (a) pre-filtration overview,
(b) post-filtration overview, (c) pre-filtration magnified view, (d) post-filtration
magnified view, and fiber diameter distributions (e) pre-filtration and (f) post-
filtration (control sample)
FTIR analysis was performed on the NGA-CS pre-filtration and post-filtration,
as shown in Figure 40a and 40b, respectively. Characteristic chitosan peaks are
indicated by dashed vertical lines: O-H and N-H axial stretch (3410 cm-1), C-
H axial stretch (2885 cm-1), N-H of amide II (1455 cm-1), C-N stretch (1419
cm-1), CH3 symmetric angular deformation (1369 cm
-1), amide III (1303 cm-1),
polysaccharide skeleton (C-O and C-O-C bonds) (1201 cm-1 - 1025 cm-1). The
orange solid line represents the amide II peak (1675 cm-1) while the green solid
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line represents the imine peak (1559 cm-1), indicative of GA crosslinking. It is
important to note that there is a much stronger imine peak prior to filtration.
The reduction in intensity of the imine peak and the increase in intensity of the
amide II peak suggests that the Cu2+ is binding at the imine site.
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Figure 40: FTIR of NGA-CS (a) pre-filtration and (b) post-filtration
EDS was performed on NGA-CS pre- and post-filtration. Post-filtration results
did not detect the presence of Cu, however this is contradictory to the blue visual
appearance of the NGA-CS mats post-filtration. Further investigation into the
limits of detection for EDS suggested that the Cu2+ were well below the limit
of detection of 1000-3000 ppm. [71] Therefore, EDS was not performed on the
remaining samples.
5.2.3.2. Neutralized/GA crosslinked CMCS
After the post-processing of the CMCS mats, the mats not only became very
brittle and susceptible to cracking but also GA crosslinking resulted in a color
change from white to tan. Therefore, a small amount of water was placed on the
mat to make it less brittle and easier to place in the filtration setup. Filtration
using approximately 30 ppm Cu2+ solution did not cause any gelling and the
neutralized, GA crosslinked CMCS (NGA-CMCS) remained completely in-tact.
Pre- and post-filtration images of the NGA-CMCS is shown in Figure 41, where
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small regions of blue are visible on the mat post-filtration, indicative of Cu2+
presence.
a b 
Figure 41: Images of neutralized, GA crosslinked CMCS mat (a) pre-filtration and
(b) post-filtration
An aliquot of filtrate was removed after each pass of Cu2+ through the NGA-
CMCS mat. The filtrate was complexed with TMK, as shown in Figure 42, and
analyzed via UV-Vis spectroscopy. Visual inspection of the complexed filtrate
samples suggests that higher Cu2+ concentrations are present throughout the en-
tire filtration process.
Figure 42: TMK complexed filtrate samples for neutralized, GA crosslinked
CMCS. Numbering indicates the number of times the solution was passed through
the mat before being aliquoted from the filtrate solution.
UV-Vis spectroscopy analysis determined that a starting solution of 120 ppm
Cu2+ was utilized with a final concentration of approximately 60 ppm after 10
passes through the NGA-CMCS mat, as shown in Figure 43. The green area in
Figure 43 indicated the EPA MCLG of 1.3 ppm Cu2+. It is apparent that filtration
through NGA-CMCS did not reduce the Cu2+ concentration enough to be below
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that level, however, it is possible that by utilizing a lower starting concentration
of Cu2+ that these level may be reached. Future work should include investigation
into NGA-CMCS filtration using 30 ppm Cu2+ as the starting solution concentra-
tion.
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Figure 43: Filtrate concentrations (ppm) for NGA-CMCS for each consecutive
pass through the NGA-CS mat
SEM was performed on the NGA-CMCS pre- and post-filtration. Figure 44a
and 44b show an overview of the NGA-CMCS pre- and post-filtration, respec-
tively. The post-processing technique used has caused some filming of the sample,
however, fibers are still present in the sample, as indicated by Figures 44c and
44d. The filming of the sample is not of concern since there are still fibers present,
allowing for porosity and increased surface area for filtration purposes. Fiber di-
ameter distributions are shown in Figures 44e and 44f. The mean fiber diameter
increased post-filtration from 186 ± 108 nm to 260 ± 109 nm. Analysis of vari-
ance suggests that this increase in fiber diameter is statistically significant (p <
0.05), however, this is not of concern since the post-filtration NGA-CMCS already
removed the Cu2+ ions. It is possible that the binding of Cu2+ ions is what caused
the fiber swelling.
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Figure 44: Neutralized, GA crosslinked CMCS SEM images (a) pre-filtration
overview, (b) post-filtration overview, (c) pre-filtration magnified view, (d) post-
filtration magnified view, and fiber diameter distributions (d) pre-filtration and
(e) post-filtration
FTIR analysis was performed on the NGA-CMCS mats pre- and post-filtration,
as shown in Figures 45a and 45b, respectively. Characteristic chitosan peaks are
indicated by dashed vertical lines: O-H and N-H axial stretch (3345 cm-1), C-
H axial stretch (2875 cm-1), N-H of amide II (1415 cm-1), C-N stretch (1370
cm-1), CH3 symmetric angular deformation (1310 cm
-1), amide III (1258 cm-1),
polysaccharide skeleton (C-O and C-O-C bonds) (1201 cm-1 - 1025 cm-1). The
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arrows represent the C=O peak of the carboxylate group in modified CMCS. The
orange solid line represents the amide II peak (1676 cm-1) while the green solid
line represents the imine peak (1553 cm-1), indicative of GA crosslinking. The
reduction in the imine peak intensity suggests that the Cu2+ is binding at the
imine site.
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Figure 45: FTIR of NGA-CMCS (a) pre-filtration and (b) post-filtration
5.2.3.3. Neutralized/GA crosslinked CYANO-CS
As observed with the NGA-CMCS mats, the neutralized, GA crosslinked
CYANO-CS (NGA-CYANO-CS) mats became brittle after post-processing. The
mats also became slightly yellowed after GA crosslinking. In order to prevent
breaking of the mat while placing in the filtration setup, a couple drops of water
were placed on the mats to make them less brittle. Cu2+ solution with a starting
concentration of approximately 30 ppm was utilized for filtration studies of NGA-
CYANO-CS. Pre- and post-filtration images of the NGA-CYANO-CS are shown
in Figure 46.
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a b 
Figure 46: Images of NGA-CYANO-CS mat (a) pre-filtration and (b) post-
filtration
After removing an aliquot of filtrate after each pass through the NGA-CYANO-
CS mat, the filtrate samples were complexed with TMK. The complexed filtrate
solutions are shown in Figure 47, where visually it appears that pass 4 resulted
in the lowest Cu2+ concentration. In the subsequent passes through the NGA-
CYANO-CS, it is suspected that the Cu2+ ions were washed off of the mat back
into the filtrate.
Figure 47: TMK complexed filtrate samples for neutralized, GA crosslinked
CYANO-CS. Numbering indicates the number of times the solution was passed
through the mat before being aliquoted from the filtrate solution.
UV-Vis spectroscopy was performed on all filtrate samples and correlated to
the corresponding Cu2+ concentrations, as shown in Figure 48. The starting con-
centration was approximately 26 ppm Cu2+. The green shaded area in Figure 48
indicated the EPA MCLG of 1.3 ppm. Passes 2 - 5 through the NGA-CYANO-CS
mat had Cu2+ concentrations at or below the EPA MCLG. The UV-Vis spec-
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troscopy results indicated that passes 6 - 8 and 10 had a Cu2+ concentration
greater than that of the starting solution. This can be attributed to residual
chlorine present on the mat from processing with chloroacetonitrile to add the
cyano group. Free chlorine reacts with the TMK indicator, ultimately affecting
the concentration of Cu2+ that is determined via UV-Vis spectroscopy. [72]
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Figure 48: Filtrate concentrations (ppm) for NGA-CYANO-CS for each consecu-
tive pass through the NGA-CS mat
SEM was performed on the NGA-CYANO-CS pre- and post-filtration as shown
in Figures 49a and 49b, respectively. As observed with the NGA-CMCS mats, the
post-processing resulted in some filming of the fibrous mats, however, a fibrous
morphology was still present pre- and post-filtration, as shown in Figures 49c and
49d, respectively. As previously discussed, the filming is not of concern since the
fibrous morphology is still present, retaining the desired porosity and increased
surface area to volume ratio. Figure 49e and 49f show the fiber diameter dis-
tributions of the NGA-CYANO-CS pre- and post-filtration, respectively. The
pre-filtration NGA-CYANO-CS had a mean fiber diameter of 99 ± 27 nm while
the post-filtration mat had a mean fiber diameter of 303 ± 143 nm. Analysis
of variance suggests that the post-filtration NGA-CYANO-CS had a significantly
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higher mean fiber diameter (p < 0.05), which can be attributed to the removal of
Cu2+ ions from solution. The significant increase in fiber diameter is not of con-
cern since the Cu2+ ions were already removed, taking advantage of the smaller
surface area to volume ratio.
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Figure 49: Neutralized, GA crosslinked CYANO-CS SEM images (a) pre-filtration
overview, (b) post-filtration overview, (c) pre-filtration magnified view, (d) post-
filtration magnified view, and fiber diameter distributions (e) pre-filtration and
(f) post-filtration
FTIR analysis was performed on the NGA-CYANO-CS pre- and post-filtration,
as shown in Figures 50a and 50b, respectively. Characteristic chitosan peaks are
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represented by dashed vertical lines: O-H and N-H axial stretch (3445 cm-1),
C-H axial stretch (2875 cm-1), N-H of amide II (1425 cm-1), C-N stretch (1374
cm-1), CH3 symmetric angular deformation (1310 cm
-1), amide III (1255 cm-1),
polysaccharide skeleton (C-O and C-O-C bonds) (1149 cm-1 - 1015 cm-1). The gray
box indicates the location of characteristic C≡N peak (2200 - 2300 cm-1), however,
13C NMR previously verified the addition of the cyano group (Section 5.1.3). The
orange solid line represents the amide II peak (1652 cm-1) while the green solid line
represents the imine peak (1560 cm-1), indicative of GA crosslinking. The slight
reduction in intensity of the imine peak post-filtration suggests that the Cu2+ is
binding at the imine site.
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Figure 50: FTIR of NGA-CYANO-CS (a) pre-filtration and (b) post-filtration
From the FTIR results, the proposed binding mechanism for the NGA-CYANO-
CS is shown in Figure 51. Since there were no changes in the amide II or imine
peaks of the NGA-CYANO-CS, it is probable that the chitosan is binding the
Cu2+ at the nitrogen of the newly added cyano-site.
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Figure 51: Proposed Cu2+ binding mechanism for NGA-CYANO-CS
5.2.4. Water and Cu2+ flux through the CS membranes
As described in Section 2.6.3, membrane flux plays a key role in defining a
membrane when used for a particular filtration application. Therefore, water flux
and Cu2+ flux through the modified CS mat was calculated via equations 2 and
3, respectively.
JW =
CW
A · t (2)
where JW = water flux, CW = water concentration (mol), A = area of membrane
perpendicular to flow of water (m2), and t = filtration time (s)
JCu2+ =
4CCu2+
A · t (3)
where JCu2+ = copper flux, 4CCu2+ = change in copper concentration across the
membrane (mol), A = area of membrane perpendicular to flow of water (m2), and
t = filtration time (s)
As described in Section 3.4.8, flux experimental results were only obtained for
the NGA-CYANO-CS mats, which was extrapolated to each functionalized mat.
In order to prove this, future work should focus on flux experiments for the NGA-
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CS and NGA-CMCS mats. The calculated water flux and Cu2+ flux are shown
in Table 5. When compared to various commercial ultrafiltration membranes, it
appears that the NGA-CYANO-CS mat has a much higher JW value. [73] This
suggests that the NGA-CYANO-CS would have a higher filtration efficiency over
a period of time when compared to the given polymeric commercial membranes.
Table 5: Water and Cu2+ flux through the CS membranes
Sample JW (mol/m
2·s) JW (L/m2·h) JCu2+ (mol/m2·s)
NGA-CYANO-CS 225.39 1.4665x104 4.0412x10-3
Ideally, water flux should be maximized while Cu2+ flux should be minimized
in order to remove the most Cu2+ from solution in a short amount of time. It
is hypothesized that the functionalized mats will minimize Cu2+ flux, ultimately
removing more Cu2+ ions from solution when compared to the NGA-CS mats.
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6. Conclusions
As-spun chitosan mats were successfully modified using a novel post-processing
technique that minimizes processing steps while retaining the fibrous structure of
the electrospun chitosan. The addition of the carboxylate group in forming CMCS
was verified by FTIR. Since the presence of the C≡N bond in the CYANO-CS
could not be verified by FTIR, NMR was conducted and successfully verified the
presence of the cyano group. Changes in mat solubility for CMCS and CYANO-CS
further supported the proposed change in the chemical structure of the chitosan
mat.
Preliminary filtration studies demonstrated that the chemical modification
achieved during post-processing was not enough to prevent gelling and/or dis-
solution of the mats when exposed to Cu2+ ions in solution. Therefore all mats,
both unmodified and modified chitosan, were neutralized using NaOH as well as
crosslinked via GA vapor prior to filtration experiments. The additional process-
ing steps proved successful in preventing gelling and/or dissolution of the mats,
however, filming in some areas of the NGA-CS, NGA-CMCS, and NGA-CYANO-
CS was observed by SEM. This was not of major concern since it was apparent
that the fibrous morphology was still present in other areas, giving rise to the
porosity and increased surface area to volume ratio that was anticipated to be
advantageous for filtration applications.
NGA-CS filtration, which was used as a control for this work, did remove Cu2+
from solution, however, concentrations within the EPA MCLG of 1.3 ppm were
not achieved. NGA-CMCS, which was expected to have a greater binding affinity
for Cu2+ due to the addition of the carboxylate group, also removed Cu2+ from
solution. Unfortunately, NGA-CMCS also did not achieve Cu2+ concentrations
within the EPA MCLG. NGA-CYANO-CS, which was expected to have a greater
binding affinity for Cu2+ due to the presence of the cyano group, did ultimately
achieve Cu2+ concentrations at or below the EPA MCLG. This suggests that the
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cyano-modified chitosan is in fact better at binding Cu2+ than the neutralized,
crosslinked chitosan control.
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7. Future Work
• Utilize pyridine-modified CS mats in Cu2+ filtrations studies in order to eval-
uate the pyridine-modified CS ability to remove Cu2+ ions from solution.
SEM and FTIR should be performed pre- and post-filtration, as demon-
strated in the final filtration studies presented here.
• Continue flux experiments in order to determine differences in water flux
and Cu2+ flux between the NGA-CS, NGA-CMCS, and NGA-CYANO-CS
mats.
• Research methods of removing excess free chlorine from mats prior to fil-
tration should be conducted. By removing and/or reducing the amount of
chlorine in the system, interaction with the TMK complex will be prevented.
By preventing the interaction with the TMK complex, the concentration of
Cu2+ in solution with the CYANO-CS mats should no longer be determined
as higher than the initial Cu2+ concentration.
• Atomic adsorption can be used to verify results observed via UV-Vis spec-
troscopy, as described by ASTM D1688 - 12: Standard Test Method for
Copper in Water. This method is utilized by the EPA when testing water
samples, however, due to the readily available UV-Vis spectroscopy equip-
ment that method was chosen for the present study.
• Filtration experiments should be conducted utilizing known contaminated
water sources. This will determine if and how well the post-processed CS
mats will remove Cu2+ with other contaminants present. It is also probable
that the modified CS mats will also remove other contaminants, such as
other heavy metals (Cr, As, Pb, etc.).
• The ability to remove other forms of Cu should also be investigated, such
as Cu1+. This will require finding another complexing agent to determine
78
the amount of Cu1+ in solution and will include the development of a new
calibration curve prior to conducting filtration studies.
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